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A B S T R A C T

In recent years, the rapid advances of culture-independent methods and new molecular tools have revolutionized
our understanding of microbial biodiversity and ecological functions. DNA extraction from microbial commu-
nities is a critical step in this process and several methods have been proposed and used, but the influence of the
extraction method on the outcome and ultimately on ecological inferences from the results is not yet precisely
determined. Here, we compared two of the most commonly used extraction methods in aquatic microbial
ecology, and investigated whether the two methods yielded comparable results for community ecology analyses.
We extracted DNA from 15 different shallow lakes with phenol:chloroform, a classical and widely used ex-
traction method, and with the PowerSoil DNA isolation Kit, often suggested as the standard DNA extraction
method, with some adaptations for aquatic environments. We found that although only 5% of all OTUs showed
significant differences in pairwise comparisons (using the 15 lakes as replicates), these OTUs accounted for>
35% (on average) of the relative abundance. Diversity and richness did not differ significantly between the two
extraction methods, but the beta-dispersion of the communities indicated that the organic extraction yielded
more homogeneous communities, while the kit extraction generated variability. Consequently, we conclude that
despite the small number of OTUs with significant differences, their impact on the community composition
obtained was not negligible, and therefore the results from these two extraction methods were not comparable.

1. Introduction

High-throughput sequencing has become widely and routinely used
by microbial ecologists. In order to achieve good sequencing results, the
microbial community DNA obtained should have high quality and a
sufficient quantity for downstream analyses of microbial communities,
such as amplicon sequencing, metagenomics and metatranscriptomics
(Logares et al., 2012).

In aquatic samples, the microbial biomass is usually obtained by
filtering a certain volume of water through membranes of different
porosities (e.g. Mestre et al., 2017). Sometimes, these samples have a
high content of humic substances that may limit the accuracy of the
method, selecting certain organisms (Mestre et al., 2017) or inhibiting
DNA amplification and compromising the subsequent analyses (e.g.

Sidstedt et al., 2015; Wang et al., 2017). Therefore, it is important to
use an appropriate and rigorous methodological design in order to
minimize the negative effects of these factors on downstream analyses
(Olson and Morrow, 2012; Taberlet et al., 2012).

Some studies have previously explored methodological approaches
through different purification procedures, in both metagenomic and
amplicon sequencing, aiming to maximize the quality of the material
obtained (Arbeli and Fuentes, 2007; Dai et al., 2016; Wang et al., 2017).
Others have compared extraction methods in order to maximize DNA
integrity (Li et al., 2015; Seumahu et al., 2012), as the quality of the
extracted material may affect the ability to detect some organisms or
genes (Deiner et al., 2015). In this study, we investigated if ecological
inferences from microbial communities may be influenced by the DNA
extraction method.
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For this purpose, we evaluated two standard DNA extraction
methods that are widely used in aquatic microbial ecology: 1) the
PowerSoil DNA isolation kit (MoBio, Inc., Carlsbad, CA, USA), here
termed kit extraction, proposed by the Earth Microbiome Project
(Gilbert et al., 2010) and the Brazilian Microbiome Project (Pylro et al.,
2014) as a standardized DNA extraction protocol; and 2) the Phenol:-
Chloroform extraction, here termed organic extraction.

2. Material and methods

2.1. Study sites and sampling

Water samples were taken from 15 shallow lakes located near river
headwaters, dispersed throughout the state of São Paulo, Brazil. Most of
these lakes are dammed creeks and are small and shallow. Several re-
ceive a considerable input of nutrients and organic carbon, making
them rich in humic substances. The lakes are located between the
coastal range and the Paraná River basin, in a transition between the
Cerrado (Brazilian savannah biome) and the Atlantic Forest biome
(semi-deciduous seasonal forest), but most of the area is now occupied
by livestock and agricultural monocultures (mainly sugar cane).

In each lake, environmental data were recorded in situ and water
samples were filtered to determine the chlorophyll a concentrations and
perform DNA extraction and sequencing (see Table S1). For chlorophyll
a, 100 to 500ml of water was filtered through a glass-fiber filter
(Macherey-Nagel® GF-6) and cooled until it was taken to the laboratory
and stored in a freezer at −20 °C. For molecular analyses, 500ml was

pre-filtered through a glass-fiber filter with 1.2 μm mesh (BOECO®
MGC) to retain eukaryotes, large particles and attached prokaryotes.
Then, 200 to 500ml of filtrate was passed through 0.2-μm poly-
carbonate membranes (Millipore® Isopore™ 0.2 μm GTBP) to retain
free-living prokaryotes, then the filters were cut in half with heat-
sterilized scissors, immediately frozen, and stored at −80 °C until DNA
extraction.

In this study, we used only the free-living prokaryotes retained on
the 0.2-μm membranes. Each half-filter sampled in each shallow lake
was used for one of the two DNA extraction methods described below.

2.2. Chlorophyll a extraction and trophic-state index measurement

Pigments were extracted with ethanol (90% v/v at 80 °C) in the dark
(Marker, 1980; Mush, 1980), quantified by spectrophotometry
(Lorenzen, 1967), and used as a proxy of the trophic state (Carlson,
1977), in an adaptation for tropical environments (Cunha et al., 2013).
We obtained a mix of samples from oligotrophic, mesotrophic and eu-
trophic water bodies, ensuring wide representation of different types of
freshwater environments.

2.3. Extraction methods

The two extraction methods compared here are the PowerSoil DNA
Isolation Kit and Phenol-Chloroform. The first was chosen from dozens of
other kits because this is a method recommended by the Earth
Microbiome Project (Gilbert et al., 2010, 2011) and the Brazilian Mi-
crobiome Project (Pylro et al., 2014) as the most suitable extraction
method for the formulation of a standardized microbial data collection
protocol applicable to any type of environmental sampling. The second
was chosen because it is, historically, the extraction method most often
used.

We understand that these methods have the potential to be the most
often used in future studies comparing data collected and processed in
different projects or studies that use data available in international
databases, at least for microbial studies.

2.3.1. Extraction by PowerSoil DNA Isolation Kit
The Earth Microbiome Project (EMP) and the Brazilian Microbiome

Project (BMP) propose a unified protocol for DNA extraction using a
soil extraction kit, including for water samples (Gilbert et al., 2010,
2011; Pylro et al., 2014). The BMP uses the PowerSoil DNA Isolation Kit
(Mobio®) for single samples, and the EMP emphasizes the protocol for
plates (PowerSoil-htp 96 Well Soil DNA Isolation Kit, Mobio). These
two protocols are essentially the same except with respect to the spe-
cifics for the plate or tubes and the centrifugation time. Since we used
the PowerSoil DNA Isolation Kit for single samples, we followed the
BMP protocol.

The PowerSoil kit is recommended as a substitute for the
PowerWater kit because the former is capable of extracting DNA from
filtered samples, with some simple adaptations of the original protocol,
such as the centrifugation time or the incubation temperature; while the
latter is not able to extract good-quality DNA from soil samples. This
makes the PowerSoil kit the most suitable for the purposes of the EMP,

Table 1
Number and percentage of OTUs that differed significantly in the paired t-test for the two DNA extraction methods, considering all OTUs, abundant OTUs (those that
contributed at least 1% of total abundance), and rare OTUs (those that contributed<0.1% of total abundance).

Number of significantly different
OTUs

Percentage (%) of significantly different
OTUs

Impact on total relative abundance
(%)

Higher relative abundance

Kit Organic Kit Organic Kit Organic Kit Organic

Significant 156 4.82 35.24 42.81 35 121
Within abundant (> 1%) 8 10 0.25 0.31 27.24 34.67 0 10
Within rare (< 0.1%) 127 125 3.93 3.86 1.70 1.73 33 93

Fig. 1. Comparisons of mean relative abundances of OTUs (mean of 15 sam-
ples) obtained by two DNA extraction methods. OTUs that differed significantly
in paired t-tests are highlighted in red. Some OTUs are far from the 1:1 line, but
they were, surprisingly, not significantly different in the paired tests. This oc-
curred because they had outliers (high abundance in a single sample), but the
other samples were so homogeneous that the outliers did not affect the paired
test results. OTU_365 and OTU_380 are two extreme examples of this (see Table
S2 for further details). (For interpretation of the references to colour in this
figure legend, the reader is referred to the web version of this article.)
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Fig. 2. Comparison of commonly used indexes in community ecology: richness, Shannon-Weaver (H′) and Simpson (S′) diversity indexes and Pielou (J′) and Hill (E′)
evenness indexes were obtained for each DNA extraction method. No significant differences were observed by paired t-test comparisons. The central solid line
indicates the median value, the dotted line indicates the arithmetic mean value, the boxes indicate the lower and upper quartiles, the vertical lines indicate the 10th
and 90th percentiles, and the dots represent the 5th and 95th percentiles.

Fig. 3. Community dissimilarity between extraction methods. Bray-Curtis dissimilarity distance nMDS of bacterial community composition obtained by Kit
Extraction (red) and Organic Extraction (blue) for OTUs (A), Classes (B) and Phyla (C). Circles are standard deviation ellipses with 95% confidence, calculated with
the function ordellipse of the vegan package in R. (For interpretation of the references to colour in this figure legend, the reader is referred to the web version of this
article.)
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to create a standard protocol for any type of environment.
Below we describe the steps of the modified protocol used for our

samples, aiming to maximize the yield of material from samples with
high humic-acid contents. The fully detailed BMP protocol can be found
at (http://www.brmicrobiome.org/dna-mobio—water).

Each half-filter membrane containing free-living bacteria was in-
serted into the “Power Bead Tubes” and then manually mixed. After the
C1 solution was added, the samples were incubated at 65 °C in a water
bath for 10min (according to the EMP protocol), vortexed for 5min and
centrifuged for 1min at 10,000 g. Following the protocol, we added the
C2 solution and incubated the samples at −20 °C for 5min. This in-
cubation step was added after laboratory tests that showed a slight
increase in the quantity and quality of genetic material obtained from
filtered samples.

2.3.2. Extraction by phenol:chloroform method
For the extraction by the phenol:chloroform protocol, each half-

filter was cut into small pieces and incubated with 3ml of lysis buffer
(40 nM of EDTA, 50 nM of Tris pH 8.3, 0.75M of sucrose) and 75 μl of
lysozyme (2mg of lysozyme, 50 μl of lysis buffer) for 45min at 37 °C,
and then with 75 μl of proteinase K (0.4 mg proteinase K and 50 μl lysis
buffer) and 300 μl of sodium dodecyl sulfate (SDS) 10% (300ml of
sterile water and 30 g SDS) for 60min at 55 °C.

The incubated material was centrifuged three times, for 10min each
time: the first two after adding 2ml of phenol-chloroform-isoamyl
mixture (25-24-1) and the last one after the addition of 2ml of
chloroform-isoamyl mixture. After each centrifugation step, the super-
natant was separated from the waste material. The extracted material
was then purified in 100 KDa Amicon® columns (Millipore® 100,000
MWCO) with sterile water.

In order to clear the samples that were rich in humic substances, we
performed a purification method after the extraction, using 10% cetyl
trimethyl ammonium bromide (CTAB) (Schneegurt et al., 2003). This
method consists of one incubation step with 5M NaCl and CTAB, fol-
lowed by centrifugation with 128 μl of chloroform-isoamyl. After the
addition of 256 μl of 100% ethanol, the samples were incubated at
−20 °C for at least 15min and then centrifuged for 5min. Then, the
extraction continued with two centrifugation rounds of 2min after the
addition of 125 μl of 70% ethanol. After each centrifugation, the su-
pernatant was removed and the pellet retained. Finally, the material
was dried to eliminate the remaining ethanol and resuspended in ul-
trapure water.

2.4. Amplification and sequencing

Despite the purification procedures described above, we still had to
dilute the samples in ultrapure water in a 1:5 proportion in order to
prevent PCR inhibition by humic substances.

The V3-V4 regions of the 16S rRNA gene were amplified with the
341F (5′-CCTACGGGNGGCWGCAG-3′) and 805R (5′-GACT ACHVGG-
GTATCTAATCC-3′) primers (Herlemann et al., 2011) with a 10 μM
concentration, using the KAPA HiFi HotStart ReadyMix PCR Kit (Kapa
Biosystems®). The thermocycling followed the protocol proposed by the
PCR kit manufacturer, with 55 °C annealing temperature.

We then conducted a bead purification step and multiplex indexa-
tion with the Nextera XT Index Kit v2 (Illumina®), followed by another
bead purification. In the bead purification, we added the same volume
of magnetic beads to each sample (Agencourt® AMPure® XP, Beckman
Coulter®). For bead purifications, the samples were incubated for 2min
at room temperature, placed on a magnetic rack, and incubated for 5
more min. The supernatant was then discarded. With the samples still in
the magnetic rack, we added 200 μl of 80% ethanol, incubated for 30 s,
and discarded the supernatant. This step was performed two times.
After drying the pellet for 15min, we removed the material from the
magnetic rack, added 20 μl of ultrapure water, incubated for 5min,
replaced the samples in the magnetic rack, incubated for another 5min,

and finally transferred the samples to other tubes.
Samples were sequenced in an Illumina MiSeq platform

(2×250 bp) at the Universidade Estadual Paulista – UNESP,
Departamento de Tecnologia, Laboratório Multiusuário Centralizado
para Sequenciamento de DNA em Larga Escala e Análise de Expressão
Gênica – LMSeq, located in Jabotical (São Paulo), Brazil. The 16S rRNA
amplicon results have been deposited in the NCBI repository under
accession number PRJNA411849.

2.5. Bioinformatics and statistics

Sequence data were processed using a UPARSE-based pipeline in-
ternally implemented (Logares et al., 2014; Logares, 2017). This pipe-
line uses UPARSE routines (Edgar, 2013) to recognize the paired se-
quences, clear of singletons and chimeras, and compare with the SILVA
database, version 128 (Quast et al., 2013; Yilmaz et al., 2014), to de-
termine OTUs at the 97% similarity threshold.

The statistical analyses were carried out in R Software, version 3.3.1
(R. Core Team, 2016). Total reads were obtained after rarefaction by
the sample with the lowest number of sequences, using the “rrarefy”
function from the “vegan” package (Oksanen et al., 2016). Richness,
alpha-diversity and evenness indexes were calculated with the “Biodi-
versityR” package (Kindt and Coe, 2005), using the Simpson and
Shannon-Weaver indexes for diversity and Hill's and Pielou's indexes for
evenness. The R scripts used in these analyses can be found in: https://
github.com/LMPB/comparison-of-DNA-extraction-methods.

3. Results

We obtained a mean of 184,114 reads per sample, and after rar-
efaction, all samples were normalized with 39,599 reads, the number in
the sample with the lowest coverage. A matrix of 3224 OTUs (2761 for
organic extraction; 2878 for kit extraction) with a mean of 1115 OTUs
per sample (1169 for organic extraction; 1096 for kit extraction) was
constructed. The minimum number of OTUs/sample was 827 (1003 for
organic extraction; 827 for kit extraction) and the maximum was 1303
(1254 for organic extraction; 1303 for kit extraction).

Paired t-tests (or Wilcoxon signed-rank tests for those that were not
normally distributed) for each OTU, taking the 15 samples as replicates,
indicated that< 5% of the OTUs (156 of the total 3234 OTUs) had
significantly different relative abundances. Still, these OTUs comprised
36% of the kit and 43% of the organic extraction mean relative abun-
dances (Tables 1 and S2). Of these, 10 OTUs were in the abundant
group (those that contributed at least 1% of total abundance), and all
had higher relative abundances in the organic extraction. Most differ-
ences were found in less-abundant taxa, and most of these also had
higher relative abundances in the organic extraction (Table 1).

More OTUs had higher relative abundances in the organic extrac-
tion, and these were more aggregated and closer to the 1:1 line. OTUs
with higher relative abundances in the kit extraction were distributed
more heterogeneously, with the points more scattered below the 1:1
line of the plots (Figs. 1 and S2).

Classes that had higher relative abundances in the organic extrac-
tion were representatives of the phyla Actinobacteria, Bacteroidetes,
Cyanobacteria, Chloroflexi, Parcubacteria, Planctomycetes,
Saccharibacteria and Verrucomicrobia. The exception was the class
Chloroflexia, a rare group of the phylum Chloroflexi, which was over-
represented by the kit extraction (see Fig. S3 and Table S3 for further
details). Phyla that had higher relative abundances in the organic ex-
traction were Planctomycetes and Chloroflexi; the only such phylum in
the kit extraction was Verrucomicrobia (see Fig. S4 and Table S4).

We also compared some indexes that are commonly used in com-
munity ecology. Although all indexes obtained with the extraction kit
varied more widely (Fig. 2), the results of the two extraction methods
did not differ significantly in richness, alpha diversity or evenness
(Table S5).

E. Mateus-Barros, et al. Journal of Microbiological Methods 159 (2019) 12–17

15

http://www.brmicrobiome.org/dna-mobio---water
https://github.com/LMPB/comparison-of-DNA-extraction-methods
https://github.com/LMPB/comparison-of-DNA-extraction-methods


However, a more thorough analysis of community composition re-
vealed a different situation. The beta-dispersion permutation test gave
significantly different results for OTUs, classes and phyla (P < .05;
Figs. 3 and S5). The PERMANOVA test was significant only at the OTU
level (P=9.999 e−5) and not significant at the class (P= .089) and
phylum (P= .059) levels. These results must be interpreted cautiously
because of the significant differences in beta-dispersion. If we consider
beta-dispersion as a proxy for beta diversity (Anderson et al., 2006), we
can infer that the kit extraction resulted in higher dissimilarity (Figs. 3
and S5).

4. Discussion

Although most of the ecological indexes of diversity were similar
(except in beta-diversity inferences), these two methods indicated sig-
nificantly different community compositions. These results resemble
those reported for a marine environment by Djurhuus et al. (2017) and
to a lesser extent by Janabi et al. (2016), who reported differences in
results, including for diversity indexes.

These results allow us to reach two opposite interpretations, one
that would attest the superiority of the organic extraction and another
that advocates in favor of the kit extraction.

The first possible interpretation of these results is that the organic
method is more efficient in extracting some of the most abundant OTUs,
which are therefore overrepresented in relation to the kit extraction
method. The data appear to indicate this difference, since most OTUs
are overrepresented by the organic extraction (Table 1 and Fig. 1), and
this tendency can also be observed at the level of classes (Table S3) and
phyla (Table S4).

The alternative explanation for these results is that the observed
tendency of OTUs to fall above the 1:1 line may have been caused by an
artifact derived from the compositional nature of sequencing data.
High-throughput sequencing technologies have limited sequence-
reading capacity, and therefore the final result is a random sampling
that represents the relative abundance of the sequences obtained in a
fixed number of reads that the equipment can achieve (Gloor et al.,
2017). As the values obtained are relative instead of absolute, samples
with different organism abundances may show similar relative abun-
dances (and vice-versa). In our case, the kit extraction showed more
variation in the less-abundant OTUs (Figs. 1 and S2), which would
eventually push the abundant OTUs downward. As the organic ex-
traction resulted in less variation in the number of OTUs, the abundant
OTUs would appear to be more abundant in relation to the rarer OTUs,
and the comparison between the values obtained with the different
extraction methods would create the illusion that these more-abundant
organisms would be better extracted by organic extraction.

These two interpretations explaining the over- or under-
representation from the organic and kit methods are equally plausible,
and our data do not provide sufficient information to eliminate either of
them. Although it is impossible to determine if one method is more
accurate than other, it is clear that they may lead to different inter-
pretations of ecological results. The finding of similar results in en-
vironments as diverse as shallow lakes (this study), seawater (Djurhuus
et al., 2017) and fecal samples (Janabi et al., 2016) suggests that this
method-dependent variation does not change with the habitat. There-
fore, mixing samples drawn with these different types of extraction
methods is not recommended.

Supplementary data to this article can be found online at https://
doi.org/10.1016/j.mimet.2019.02.005.
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